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Enhanced activity and stability of
organophosphorus hydrolase via interaction
with an amphiphilic polymer†
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Nisaraporn Suthiwangcharoen,c Ramanathan Nagarajanc and Bradley D. Olsen*a

A simple approach to enhancing the activity and stability of organo-

phosphorus hydrolase (OPH) is developed based on interactions

between the hydrophobic poly(propylene oxide) (PPO) block of

amphiphilic Pluronics and the enzyme. This strategy provides an

efficient route to new formulations for decontaminating organo-

phosphate neurotoxins.

Neurotoxic organophosphate (OP) compounds are widely used
as pesticides and, unfortunately, chemical warfare agents. Bio-
remediation can be accomplished through hydrolysis of the
phosphate ester bond with genetically engineered OP degrading
enzymes, whole cells containing such enzymes, or enzymes
anchored on cell surfaces.1 Due to higher activity and ease of
modification, cell-free enzymes are often more attractive to utilize.
Organophosphorus hydrolase (OPH) is one of the most active
and widely studied enzymes for detoxification of a variety of OP
compounds.1b,d,2 However, the enzymes have a relatively short shelf-
life and lose their activity in the presence of residual organic
solvents2b or high temperatures that are encountered in practical
usage. To improve the enzyme stability, various post-processing
approaches have been investigated, such as immobilizing enzymes
on substrates,3 integrating enzymes into firefighting foams,4

embedding OP enzymes into hydrogels,5 covalently conjugating
polymers onto OP enzymes3a,6 and electrostatically complexing
OPH with polyelectrolytes.7 Additionally, enhanced OP degrading
activity has been observed when OPH is immobilized on function-
alized mesoporous silica through ionic interactions.8

An important challenge in OP bioremediation is not only
enhancing the stability of vulnerable enzymes, but also the pre-
paration of surfactant formulations that can remove hydrophobic

OPs from surfaces to enable degradation by waterborne enzymes.
Therefore, it is desirable to prepare stable formulations of enzymes
and surfactants for large area decontamination. Co-addition of
various types of polymers as additives has been utilized for the
stability of protein–enzyme solutions.9 Among those, amphiphilic
polymers can be useful as surfactant formulations, satisfying
the purpose of OP bioremediation. Herein, we demonstrate that
amphiphilic poly(ethylene oxide-b-propylene oxide-b-ethylene oxide)
(PEO–PPO–PEO) triblock copolymers, known as Pluronics, can
physically associate with OPH (E.C. 3.1.8.1; Fig. 1a), and lead to
improvements in both the stability and activity of the enzyme due to
interactions between the hydrophobic block of Pluronic and hydro-
phobic amino acids in OPH. This approach of simply blending the
enzyme with inexpensive, non-toxic, biocompatible, and commer-
cially available Pluronic provides an efficient formulation for OP
detoxification with long pot life.

Although surfactant molecules typically reduce the activity
of enzymes, the addition of Pluronic F127 to OPH resulted in an
activity increase under many practically relevant conditions. OPH
activity was monitored using the absorbance of p-nitrophenol, the
product of the paraoxon hydrolysis. Because of the finite mixing
time involved in the measurement, the activity was compared
using kcat/KM,1b,11 the enzymatic efficiency, in lieu of the traditional

Fig. 1 (a) The surface of OPH dimer is illustrated by hydrophobicity (color bar)10

and hydrophilicity (blue) (PDB ID: 3E3H). Yellow windows point out OP catalytic
sites. (b) Hydrolysis of paraoxon by OPH with Pluronic F127 and PEO(PEG)
polymers (green diamond). See standard deviation of data points in Fig. S1 (ESI†).
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activity measurement. Similar kinetic parameters were obtained
for fresh OPH (kcat: 2900 s�1, KM: 0.08 mM; less than a week after
cell lysis), comparable to the reports from the literature.11,12 To
study the pot life under practical usage conditions, a low concen-
tration of OPH, 0.2 mg mL�1 was used for storage and diluted to
0.05 mg mL�1 immediately before the kinetic tests. In the absence
of Pluronic, OPH lost half of its efficiency in two hours at RT
(Fig. 1b and Fig. S1, ESI†), and less than 10% of the original
efficiency remains after 4 days at 4 1C (Fig. S2, ESI†). The activity
drops similarly from 96� 7 mM min�1 to 42� 10 mM min�1 after
two hours at RT. Enzyme half-life depends strongly on testing
conditions such pH, temperature, and concentration, leading to
reported half-lives ranging from hours to months.5b,6a,11,13 At
diluted concentrations used in our study, BSA is typically required
as stabilizer to prolong OPH pot life,14 indicating the instability of
OPH in our testing conditions.15 Decreasing the enzyme : polymer
molar ratio slowed the activity loss: at a 1 : 10 molar ratio, more
than 85% of the initial activity remained after two hours. Under
these testing conditions, the enzyme is fully soluble (Fig. S3, ESI†),
the paraoxon concentration (equal or less than 0.1 mM) is below
the solubility limit (B3 mM), and the Pluronic F127 concentration
(1 nM–100 mM) is below the critical micelle concentration (CMC;
550 mM in water).16 Therefore, solubilization or micellization
effects by the Pluronic are unlikely to be related to the enhance-
ment, and it is hypothesized that the polymer interacts directly
with the enzyme to increase stability. Surprisingly, at 1 : 1000 and
1 : 100 000 molar ratios, the initial OP degrading activities were
enhanced by 14% and 40% compared to the initial activity of OPH
alone, and after two hours 104% and 120% remained, respectively.
On the other hand, PEO alone (green diamond in Fig. 1a) creates a
minimal effect, indicating that the PPO block is critical to the
enhancement of the OPH pot life and activity.

Using a suite of analytical techniques, the PPO block of the
Pluronic is shown to interact with hydrophobic residues of OPH.
MALDI-TOF was used to identify a possible binding between the
OPH enzyme and the polymer. In the absence of Pluronic, the
spectrum revealed a major peak at 39 064 g mol�1 as well as peaks
at 77 813 g mol�1 (blue curve in Fig. 2a), corresponding to m/z
and 2m/z for OPH monomers and dimers. After the addition of
Pluronic at a 1 : 3 molar ratio of enzyme to polymer, a new peak at
51 254 g mol�1 was observed (* in Fig. 2a) which can be attri-
buted to the adduct of OPH monomer and Pluronic F127 (MW:
12 600 g mol�1), suggesting that Pluronic interacts with OPH.

NMR showed a shift in peak positions that are consistent with
hydrophobic interactions between OPH and the PPO block of the
Pluronic. The 1H NMR spectrum of the Pluronic block copolymer
showed a peak at B1 ppm that denotes the –CH3 pendant groups
of the hydrophobic PPO segment (Fig. S4, ESI†). This peak
(Fig. 2b) upshifts by 0.01 ppm when the enzyme is mixed with
the polymer at a 1 : 1 ratio. An upfield shift of the same magni-
tude in the 1H NMR spectrum has been reported for hydrophobic
interactions between Pluronic (particularly PPO, –CH3 groups)
and the poorly water-soluble hydrophobic drug, paeonol,17 while
2D NOESY strongly correlates PPO with an enzyme peak (Fig. S5,
ESI†). Therefore, the observed shift is consistent with hydro-
phobic interactions between OPH and Pluronic.

The Raman spectrum at the same molar ratio used in MALDI-
TOF showed a notable difference at 1004 cm�1, indicating an
interaction between Pluronic and Phenylalanine (Phe) in OPH. After
normalization of both spectra to the 1650 cm�1 amide band (Fig. S6,
ESI†), the 1004 cm�1 band from the symmetric ring breathing of
Phe18 was reduced by 12.4% in the presence of Pluronic (* in Fig. 2c),
clearly indicating interaction of the polymer with Phe residues, likely
those located on the solvent-accessible surface of OPH. Among
32 Phe residues in the OPH dimer, 14 residues are located on the
surface, related to the 1004 cm�1 Raman signal, while the others are
buried inside the structure (Table S1, ESI†); therefore, only 44% of
the Phe residues are available for interaction with the polymer.
Limitations on the enzyme : polymer molar ratio may further reduce
differences in the Raman signal, or preferential interaction with
specific Phe residues could account for the observed magnitude.
While interactions with Phe are most easily detected due to high
Raman sensitivity for this amino acid, interactions with other
hydrophobic residues cannot be precluded (15.8% reduction in
the Trp fluorescence intensity of OPH–Pluronic mixture compared
to OPH alone was also observed; Fig. S8, ESI†). By combining all the
spectroscopy results, it is concluded that the nonpolar PPO block of
the Pluronic can interact with the hydrophobic amino acids on
the outer surface of OPH, bringing the two macromolecules into
close proximity.

These hydrophobic interactions between Pluronic and OPH were
directly related to the enhanced enzyme stability by examining three
different destabilizing conditions: organic solvents, high temperatures
and long storage times. If the OPH–polymer complexes are essential
to maintain the OPH activity, addition of polymers to the enzymes
before exposure to destabilizing conditions would theoretically provide

Fig. 2 MALDI-TOF (a), 1H NMR (b) and Raman (c) spectra of OPH, Pluronic and OPH–Pluronic. The inset in (a) shows the molar mass of OPH monomer
by SDS-PAGE.
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a better OP degrading activity than addition afterwards. To test this
hypothesis, the OPH activity was measured in each of the three
destabilizing conditions with different OPH-containing samples
(Fig. 3). During measurements, OPH and polymers were mixed at
1 : 1000 molar ratio because of the immediate enhanced effects shown
during the OPH pot life testing (Fig. 1b).

Detoxification of hydrophobic OP compounds by the OPH
enzyme can be performed by utilizing water-compatible organic
solvents,4b,5b,6a,13 such as MeOH, which helps to solubilize the
OPs at the cost of quenching the catalytic site of OPH (Fig. S9,
ESI†). In the presence of 10% (v/v) MeOH, the OP degrading
efficiency was impressively suppressed to 2% of its value
compared to the enzyme in methanol-free buffer (kcat/KM =
18 600 s�1 mM�1), whereas 31% of the OP degrading efficiency
remained when OPH was premixed with Pluronic before exposure
to MeOH (Fig. 3a). The effect on activity follows a similar trend,
dropping from 170 � 20 mM min�1 in buffer to 9 � 2 mM min�1

after exposure to MeOH or 83.9 � 0.1 mM min�1 when premixed
with Pluronic. When Pluronic was added to OPH after MeOH
exposure (the molar ratio of methyl groups between Pluronic and
MeOH is 1 : 7 � 105), the activity recovers to 10% of the original,
much worse than for premixed OPH–Pluronic. This result
further confirms that OPH–polymer complexes more effectively
detoxify paraoxon in the presence of MeOH than OPH alone.
Pre-constructed OPH–polymer complexes can effectively mitigate
MeOH quenching, confirming the hypothesis of enhanced OPH
activity due to the OPH–Pluronic complexes.

During storage or use, OPH can be exposed to high tempera-
tures which can aggregate enzymes (Fig. S10, ESI†). Heating pre-
constructed OPH–Pluronic complexes showed that Pluronic
can effectively stabilize OPH in high heat conditions (Fig. 3b).
After exposure to 70 1C, OPH retained 25% of its activity after
10 min and 2% of its activity after an hour (Fig. S11, ESI†).
However, when the polymer is premixed with OPH, 85% of its
activity remained after 10 minutes at the elevated temperature.
Addition of the polymer to the enzyme after the heat exposure
resulted in minimal recovery of activity. This indicates that
OPH–Pluronic complexes can slow the aggregation at high
temperatures, acting like a shielding factor – a phenomenon
related to the mitigation of protein aggregation by protein–
Pluronic associations.9b

To understand whether OPH–polymer mixtures enhance the
OPH stability during long-term storage, OPH (0.2 mg mL�1) and
OPH–Pluronic samples were prepared and stored in solution as
well as in a lyophilized form. For direct comparison, all samples
were stored at 4 1C. The OP degrading activity of OPH in both
samples (solution and lyophilized) dramatically dropped within
a week (4B95%; Fig. S12, ESI†). Although lyophilization caused
an initial drop in the activity (B15%), OPH–polymer mixtures
maintained 49% of the original activity after 25 days (Fig. 3c).
Pluronic added to already lyophilized OPH only restored the activity
back to 14% of the original value. Therefore, pre-constructed OPH–
Pluronic complexes can protect OPH against denaturation during
lyophilization and can slow down the OPH denaturation process.

The ability of PPO-containing block copolymers to enhance
OPH stability and detoxification activity is general for a variety
of molecular structures. Other types of Pluronics (triblock and
diblock copolymers) were investigated by blending with OPH at
1 : 1000 molar ratio (Fig. S13, ESI†). The initial activity of OPH–
polymers complexes increased 10–40% compared to the activity
of OPH alone, with 10% decrease or less over 2 hours at RT.
Statistically significant differences in the activity, as a function
of the PPO weight% or the architecture (diblock vs. triblock),
were not observed compared to Pluronic F127 (p-value 4 0.05).

Although a detailed mechanism for how the PPO block of
Pluronic can enhance the catalytic activity of OPH is not
elucidated, physicochemical characterization suggests that
the hydrophobic PPO blocks of Pluronic interact with hydro-
phobic amino acids of OPH, resulting in an increased activity
and pot life for dilute OPH concentrations, MeOH inhibition,
enhanced stability against high temperature, and extended
shelf life. This simple approach of constructing enzyme–polymer
complexes can improve the solubilization and detoxification of a
wide variety of OPs.
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RN and BDO), and the NIH NIBIB (P41EB015871-27) and MIT
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Notes and references
1 (a) A. J. Russell, J. A. Berberich, G. E. Drevon and R. R. Koepsel,

Annu. Rev. Biomed. Eng., 2003, 5, 1–27; (b) F. M. Raushel, Curr.
Opin. Microbiol., 2002, 5, 288–295; (c) R. D. Richins, I. Kaneva,
A. Mulchandani and W. Chen, Nat. Biotechnol., 1997, 15, 984–987;
(d) B. K. Singh and A. Walker, FEMS Microbiol. Rev., 2006, 30, 428–471.

2 (a) S. B. Hong and F. M. Raushel, Biochemistry, 1996, 35, 10904–10912;
(b) V. K. Rastogi, J. J. DeFrank, T. C. Cheng and J. R. Wild, Biochem.
Biophys. Res. Commun., 1997, 241, 294–296.

3 (a) K. E. LeJeune, A. J. Mesiano, S. B. Bower, J. K. Grimsley, J. R. Wild and
A. J. Russell, Biotechnol. Bioeng., 1997, 54, 105–114; (b) N. Francic,
A. Kosak, I. Lyagin, E. N. Efremenko and A. Lobnik, Anal. Bioanal. Chem.,
2011, 401, 2631–2638; (c) A. H. Mansee, W. Chen and A. Mulchandani,
J. Ind. Microbiol. Biotechnol., 2005, 32, 554–560; (d) V. A. Pedrosa,
S. Paliwal, S. Balasubramanian, D. Nepal, V. Davis, J. Wild,
E. Ramanculov and A. Simonian, Colloids Surf., B, 2010, 77, 69–74.

4 (a) K. E. LeJeune, J. R. Wild and A. J. Russell, Nature, 1998, 395,
27–28; (b) K. E. LeJeune and A. J. Russell, Biotechnol. Bioeng., 1999,
62, 659–665.

Fig. 3 Enhanced OP degrading efficiency by OPH–Pluronic mixtures in
10% MeOH (a), at RT after 10 minutes at 70 1C while in solution (b) and after
resolubilizing lyophilized samples stored for 25 days at 4 1C (c).

ChemComm Communication

Pu
bl

is
he

d 
on

 2
1 

Fe
br

ua
ry

 2
01

4.
 D

ow
nl

oa
de

d 
by

 P
en

ns
yl

va
ni

a 
St

at
e 

U
ni

ve
rs

ity
 o

n 
28

/0
2/

20
14

 1
6:

35
:2

0.
 

View Article Online

http://dx.doi.org/10.1039/c3cc47675h


Chem. Commun. This journal is©The Royal Society of Chemistry 2014

5 (a) H. D. Lu, I. R. Wheeldon and S. Banta, Protein Eng., Des.
Sel., 2010, 23, 559–566; (b) P. B. Dennis, A. Y. Walker, M. B.
Dickerson, D. L. Kaplan and R. R. Naik, Biomacromolecules, 2012,
13, 2037–2045.

6 (a) W. Wei, J. J. Du, J. Li, M. Yan, Q. Zhu, X. Jin, X. Y. Zhu, Z. M. Hu,
Y. Tang and Y. F. Lu, Adv. Mater., 2013, 25, 2212–2218; (b) B. N.
Novikov, J. K. Grimsley, R. J. Kern, J. R. Wild and M. E. Wales,
J. Controlled Release, 2010, 146, 318–325.

7 (a) V. S. Sergeeva, E. N. Efremenko, G. M. Kazankov, A. K. Gladilin
and S. D. Varfolomeev, Biotechnol. Tech., 1999, 13, 479–483; (b) Y. W.
Lee, I. Stanish, V. Rastogi, T. C. Cheng and A. Singh, Langmuir, 2003,
19, 1330–1336.

8 (a) B. W. Chen, C. H. Lei, Y. S. Shin and J. Liu, Biochem. Biophys.
Res. Commun., 2009, 390, 1177–1181; (b) C. H. Lei, Y. S. Shin,
J. Liu and E. J. Ackerman, J. Am. Chem. Soc., 2002, 124,
11242–11243.

9 (a) R. J. Simpson, Cold Spring Harb. Protoc., 2010, DOI: 10.1101/
pdb.top79; (b) H. J. Lee, A. McAuley, K. F. Schilke and J. McGuire,
Adv. Drug Delivery Rev., 2011, 63, 1160–1171.

10 D. Eisenberg, E. Schwarz, M. Komaromy and R. Wall, J. Mol. Biol.,
1984, 179, 125–142.

11 C. F. Komives, E. Lilley and A. J. Russell, Biotechnol. Bioeng., 1994,
43, 946–959.

12 M. Shimazu, A. Mulchandani and W. Chen, Biotechnol. Bioeng.,
2003, 81, 74–79.

13 V. Sergeeva, E. Efremenko, G. Kazankov, A. Gladilin and S. Varfolomeev,
Biotechnol. Tech., 1999, 13, 479–483.

14 H. Yang, P. D. Carr, S. Y. McLoughlin, J. W. Liu, I. Horne, X. Qiu,
C. M. Jeffries, R. J. Russell, J. G. Oakeshott and D. L. Ollis, Protein
Eng., 2003, 16, 135–145.

15 E. Carletti, L. Jacquamet, M. Loiodice, D. Rochu, P. Masson and
F. Nachon, J. Enzyme Inhib. Med. Chem., 2009, 24, 1045–1055.

16 P. Alexandridis, J. F. Holzwarth and T. A. Hatton, Macromolecules,
1994, 27, 2414–2425.

17 J. H. Ma, C. Guo, Y. L. Tang, H. Zhang and H. Z. Liu, J. Phys. Chem. B,
2007, 111, 13371–13378.

18 J. W. Chan, D. K. Lieu, T. Huser and R. A. Li, Anal. Chem., 2009, 81,
1324–1331.

Communication ChemComm

Pu
bl

is
he

d 
on

 2
1 

Fe
br

ua
ry

 2
01

4.
 D

ow
nl

oa
de

d 
by

 P
en

ns
yl

va
ni

a 
St

at
e 

U
ni

ve
rs

ity
 o

n 
28

/0
2/

20
14

 1
6:

35
:2

0.
 

View Article Online

http://dx.doi.org/10.1039/c3cc47675h


1

Supporting Information for:

Enhanced Activity and Stability of Organophosphorus Hydrolase via 

Interaction with an Amphiphilic Polymer 

Minkyu Kim,† Manos Gkikas,† Aaron Huang,† Jeon Woong Kang§, Nisaraporn 

Suthiwangcharoenǂ, Ramanathan Nagarajanǂ  and Bradley D. Olsen*,†

†Department of Chemical Engineering, Massachusetts Institute of Technology, Cambridge, MA, 

02139

§Laser Biomedical Research Center, G. R. Harrison Spectroscopy Laboratory, Massachusetts 

Institute of Technology, Cambridge, MA, 02139

ǂMolecular Sciences and Engineering Team, Natick Soldier Research, Development & 

Engineering Center, Natick, MA, 01760

 

*E-mail: bdolsen@mit.edu 

Electronic Supplementary Material (ESI) for ChemComm.
This journal is © The Royal Society of Chemistry 2014



2

Materials and Methods

Materials.  Paraoxon-methyl, Pluronic F127 and Poly(ethylene glycol) were purchased from 

Sigma-Aldrich (product # 46192, p2443 and 202444).  F88 and P123 were purchased from 

BASF (product # 30085864 and 30085707).  3:1 and 0.33:1 (PEO:PPO wt ratio) diblock 

copolymers were purchased from Polysciences, Inc. (product # 16276 and 16274). 

DNA engineering and OPH expression and purification.  A gene sequence encoding for 

organophosphate hydrolase (OPH) from serine 30 of the opd gene, proposed open reading 

frames,1 was purchased (GenScript, USA)  and subcloned into a pET15b expression plasmid 

(Novagen, USA) through NdeI and BamHI restriction sites.  To increase solubility of OPH 

enzymes and activity for paraoxon hydrolysis, multiple single-site mutations were incorporated 

using a commercial site-directed mutagenesis kit (product # 210515, Agilent, USA): K185R and 

I274N for the OPH catalytic activity,2 and K185R, D208G and R319S for the improved soluble 

OPH yields during expression.3  The primers were K185R, 5’- T CAG GAA CTG GTT CTG 

CGT GCA GCT GCG CGT GCG -3’, D208G, 5’- GCC GCA AGT CAA CGT GGC GGT GAA 

CAG CAA GCT G -3’, I274N, 5’- TCT GCT CTG CTG GGT AAC CGT TCG TGG CAG ACC 

-3’ and R319S, 5’- ATG GAT GTG ATG GAC AGC GTT AAT CCG GAT GG -3’.  The PCR 

fidelity of the mutated plasmid was confirmed by the gene sequencing (Genewiz, USA).   

A freshly grown bacterial colony was inoculated in 5ml LB medium supplemented with 1 

mM ampicillin at 37°C overnight.  For pre-culture, 1 L LB medium with 1 mM ampicillin and 5 

ml of the overnight culture were incubated until an OD600 of ~0.4 at 30°C.  Then, OPH enzymes 

were expressed for 21 hours at 30°C in the presence of 0.5 mM IPTG and 1 mM CoCl2. Cells 

containing enzymes were harvested by spinning down at 4,000 g for 10 min, and then 
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precipitated cells were stored at -80°C.  Frozen cells were resuspended in lysis buffer containing 

10 μg/mL DNase, 20 μg/mL RNase A, 50 mM NaH2PO4, 300 mM NaCl and 5 mM imidazole 

(pH ~8) at 4°C and then lysed by the sonication.  After spinning down the lysates at 14,000 g for 

30 min at 4°C, His6-tagged OPH enzymes in supernatants were purified by cobalt affinity 

columns (product # 89965, Thermo Scientific, USA) at 4°C.  The purified enzyme was then 

chromatographed using a HiTrap Q HP column (product # 17-1154-01, GE Healthcare, Uppsala, 

Sweden) in an AKTA FPLC machine.  OPH enzymes were dialyzed into the OP testing buffer, 

containing 40 mM HEPES (pH 8), 100 mM NaCl and 0,1 mM CoCl2.  Yields of 20~30 mg/L 

were obtained as estimated using the BCA protein assay kit (product # 23227, Thermo Scientific, 

USA).  Enzymes were determined to be greater than 95% pure by SDS-PAGE analysis (inset of 

Figure 2a).  Except where otherwise noted, the OP testing buffer was used for all testing, and 

sample storage. 

Circular Dichroism (CD) spectroscopy.  An Aviv model 202 CD spectrometer recorded far 

UV CD spectra.  The spectra were recorded in a 0.1 cm path length cuvette at a scan rate of 12 

nm/min. Enzyme samples (0.25 mg/mL)  were measured in 20 mM Tris (pH 8), 100 mM NaCl 

and 0.1 mM CoCl2 in the presence or absence of 20 % MeOH.  The CD signal, after the buffer 

signal subtractions, was converted into mean residue ellipticity (MRE), calculated by 

[100·observed ellipticity (deg)] / [path length (cm)·enzyme concentration (M) ·total number of 

amino acids per enzyme].  

UV-Vis spectroscopy.  A Varian Cary 50 Bio UV/visible spectrophotometer with temperature 

controller (TC125, Quantum Northwest, USA) was used to measure the OPH activity at 25°C.  
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Paraoxon-methyl was diluted to 0.2-0.7 mM in the OP testing buffer.  In each 1 ml test volume, 

0.05 - 0.2 μg/ml of OPH enzyme and 0.1 mM of paraoxon with various concentrations of 

polymers were mixed in a 1 cm path length methacrylate cuvettes (product # 14-955-128, Fisher 

Scientific, USA).  The activity was measured by the absorbance of the hydrolysis product of 

paraoxon, p-nitrophenol, at a wavelength of 405 nm. 

MALDI-TOF spectroscopy. A Bruker Daltonic Microflex mass spectrometer MALDI-TOF was 

used with the linear positive method for proteins. Samples were diluted to 10 mg/ml of OPH and 

5mg/ml of Pluronic before being deposited onto the target.  Sinapinic acid was used as a matrix. 

 

NMR spectroscopy. 1H NMR spectroscopy and NOESY 2D-NMR (500 MHz) were acquired 

using a VARIAN Inova-500 NMR spectrometer with an Oxford Instruments Ltd. 

superconducting actively-shielded magnet with quad broadband RF (4 with Wave Form 

Generation). The spectra were acquired at room temperature in 90% HEPES buffer and 10% 

D2O under saturating conditions. 

Raman spectroscopy. The Raman system used for these experiments is described in detail 

elsewhere.4 A 785 nm wavelength Ti: Sapphire laser (3900S, Spectra-Physics) pumped by a 

frequency-doubled Nd: YAG laser (Model Millennia 5sJ, Spectra-Physics) was used for the 

excitation. A 1.2 NA water immersion objective lens (Olympus UPLSAPO60XWIR 60X/1.20) 

was used both to focus the laser onto the sample and to collect the backscattered light. The 

collected signal was filtered and delivered to a spectrograph (Holospec f/1.8i, Kaiser Optical 

Systems) and detected by a TE-cooled, back-illuminated, deep depleted CCD (PIXIS: 
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100BR_eXcelon, Princeton Instruments). The laser power was measured at the sample to be ca. 

20 mW and integration time was 10 seconds.  Background signals from acquired Raman spectra 

are processed by Lieber fitting with a 5th-order polynomial.5  

Briefly, this algorithm removes slowly varying background while maintaining narrow 

Raman peaks.  A well-known potential issue for this background removal process is that slowly 

varying background signal can be removed differently from each spectrum.  Therefore, for 

quantitative analysis, Raman peaks, especially the area under the peak on top of broad 

background signal, are compared to other Raman peaks.  In this study, the peak area in the 1650 

cm-1 Raman band was selected to normalize other peaks.  The 1650 cm-1 band represents amide 

bonds that are existed in polypeptide but not existed in the polymer and the buffer contents as 

shown in Figure S6.  After the normalization of known Raman signals from proteins6, the peak 

differences between OPH solution and OPH/Pluronic mixture were compared as follows: 

Raman bands Area under the peak differences (%)
1004 Phe symmetric ring breath 12.4 %
1033 Phe C-H in-plane 12.87 %
1209 Phe C-C6H5 stretching, Trp 12.36 %
1257 amide III -0.39 %
1320 protein C-H deformation 0.16 %
1450 protein & lipid CH deformation -0.98 %

Although similar % of peak differences in Phe and Trp in other known Raman bands were 

observed compared to the 1004 cm-1 Raman band, their signal to noise ratios were not strong 

(Figure 2c).  On the other hand, Phe Raman signal at 1004 cm-1 was strong (Figure 2c); thus, it 

was clear to identify the 12 % reduction of the OPH/Pluronic Raman peak compared to the OPH 

peak, suggesting the interaction between the polymer and the enzyme.
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Fluorescence spectroscopy.  Fluorescence spectra of OPH, Pluronic and OPH/Pluronic were 

measured with a Fluorolog-3 spectrophotometer (Horiba Jobin Yvon, New Jersey, USA) in 10 

mm path-length NSG Precision Cells quartz cuvettes (New York, USA).  For the emission 

experiments, spectra were taken in 1 nm steps at a fixed excitation wavelength of 280 nm.  Slits 

were adjusted to 5nm bandwidth for both excitation and emission. 

OPH activity and efficiency.  The activity was determined by calculating the initial slope of the 

UV-vis traces.  The absorbance was then converted to concentration using the extinction 

coefficient of 16.2 mM-1·cm-1 to determine the rate of substrate conversion.  

Because of the finite mixing time involved in the measurement, in most cases, activity 

was compared using kcat/KM
7,8

 (Figure 1 and Figure 3), a term commonly known as enzymatic 

efficiency.  The enzymatic efficiency was calculated with the catalytic constants kcat and KM 

estimated by fitting time-course data from UV-Vis spectroscopy to the Schnell-Mendoza 

solution of the Michaelis-Menten equation as follows:9

[𝑆]
𝐾𝑀

= 𝜔[[𝑆]0𝐾𝑀
𝑒𝑥𝑝([𝑆]0𝐾𝑀

‒
[𝐸] × 𝑘𝑐𝑎𝑡

𝐾𝑀
𝑡)]

where  is the Lambert function, [S] is the substrate concentration, [S]0 is the initial substrate 𝜔

concentration, [E] is the enzyme concentration, KM is the Michaelis constant, kcat is the turnover 

number, and t is time.  For this calculation, the extinction coefficient for the analyte in the OP 

testing buffer at 25°C was measured via calibration with p-nitrophenol (product # 241326, 

Sigma-Aldrich, USA) to be ε405nm = 16200 M-1 cm-1, and the initial concentration of paraoxon-

methyl was taken as the concentration of the analyte at complete hydrolysis.  Enzymatic 

efficiency7 was chosen over activity because of the difficulty of accurately measuring activity 

under our experimental conditions.  Due to the low concentrations of our enzyme and substrate, 
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the low solubility of the substrate, the instability of the enzyme, and the high rate of the reaction 

relative to the mixing time at the start of our reaction, a smaller error bound in measurements of 

kinetic efficiency.  The calculated values for the kinetic parameters for fresh OPH (less than a 

week after cell lysis) were as follows:  kcat = 2900±400 s-1(mean ± standard deviation) and 

kcat/KM = 36000±5000 mM-1s-1.  These values are comparable to those found in literature.7,10 

Paraoxon solubility estimation. Paraoxon-methyl solubility in water was estimated using 

Estimation Program Interface (EPI) Suite v4.11 using SMILES notation 

c1(OP(=O)(OC)(OC)ccc(N(=O)=O)cc1. This yielded an estimated water solubility of 731 mg/L.  

This estimate was tested by making a mixture of this concentration.  After brief mixing, the 

mixture appeared homogeneous.
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Figure S1. The enzymatic efficiency comparisons (with standard deviations) of OPH with 

different molar ratios of Pluronic and PEO over time of OPH with varying molar ratios of 

Pluronic and PEO polymers (n=6 for OPH and n=3 for others).  
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Figure S2. Relative activity measurements of OPH stored in solution, containing 40 mM Hepes 

(pH 8), 100_mM NaCl and 0.1 mM CoCl2, at 4°C (n = 3).  Paraoxon degrading activity was 

measured at 25ºC.  The OP degrading activity was taken relative to the activity of OPH on day 0. 
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Figure S3. Relative activity of OPH at various concentrations.  The kinetic efficiency values for 

each test are presented relative to the kinetic efficiency of a 40 ng/mL sample taken immediately 

before each test to account for any loss of enzymatic activity as a function of time as the tests 

were performed.  Relatively constant activity as a function of concentration indicates that OPH 

solubility is not a concern at the concentrations tested in this experiment.
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Figure S4. 1H NMR spectrum of Pluronic (PEO-b-PPO-b-PEO), OPH and OPH/Pluronic 

mixture at saturating conditions: 90% HEPES buffer/10% D2O, molar ratio OPH/Pluronic = 1:1.
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Figure S5. 2D NOESY spectrum of OPH/Pluronic mixture at saturating conditions (90% 

HEPES buffer/10% D2O, molar ratio OPH/Pluronic = 1:1) showing the correlation of the PPO 

peak with the enzyme peak at 3.4 ppm.
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Figure S6. Raman spectrum of Pluronic in dried form. Raman signal at 1650 cm-1 which 

represents amide band I is selected to normalize both Raman spectra of OPH and OPH/Pluronic 

mixture (Figure 2c).  To confirm that there is no Raman signal/peak from either Pluronic or the 

buffer contents (40 mM HEPES (pH 8), 100 mM NaCl and 0.1 mM CoCl2), samples with the 

buffer were deposited on the substrate and dried (drop-coating deposition Raman spectroscopy).  

Since Pluronic and the buffer contents do not have any Raman signal at 1650 cm-1, the 

normalization of the spectrum at this wavenumber for both OPH and OPH/Pluronic mixture is 

applicable. In this figure, the spectrum was normalized by maximum intensity at around 1480 

cm-1.  
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Figure S7. Comparison of raw Raman spectra of OPH and Pluronic, measured in the OP testing 
buffer. 
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Figure S8. Tryptophan fluorescence spectra of OPH enzymes in the absence and presence of 

Pluronic.  OPH sample contains 1 mg/mL OPH with 40 mM Hepes (pH 8), 100 mM NaCl and 

0.1 mM CoCl2.  The addition of Pluronic (5 mg/mL concentration) into the OPH sample caused a 

15.8% decreasing in the Trp fluorescence intensity at 355 nm compared to OPH sample without 

Pluronic, suggesting that Trp hydrophobic amino acids of OPH interact with Pluronic.  
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Figure S9. CD spectra of OPH enzymes in the absence and presence of 20 % MeOH. In addition 

to MeOH, sample contains 0.25 mg/mL OPH with 20 mM Tris (pH 8), 100 mM NaCl and 0.1 

mM CoCl2.  20% (v/v) MeOH does not result in measurable changes in the OPH secondary 

structure.  This suggests that MeOH do not significantly denature OPH but instead quench the 

active site of OPH, resulting in a decrease in the OP degrading activity (Figure 3a). 
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Figure S10. OPH aggregation by high heat exposure. SDS-PAGE results show that the OP 

degrading activity of OPH at high heat exposure results in part due to OPH aggregation.  OPH 

(1mg/mL) were prepared and exposed to 70 ± 3 ºC.  After the exposure, the samples were 

centrifuged for 5 min at 4 ºC at 21xg (a) samples before centrifugation after the heat exposure  

showing total protein and (b) supernatants after the centrifugation showing soluble protein.  The 

loss of soluble protein during heat treatment is suggestive of aggregation. 
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Figure S11. Relative activity measurements of OPH and OPH/Pluronic mixtures (1:1000 molar 

ratio) at high temperatures (n=3). Both samples were exposed at 70±5°C with a prescribed 

amounts of time (t70±5°C) and paraoxon degrading activity was measured at 25ºC. 
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Figure S12. Relative activity measurements of OPH and OPH/Pluronic mixtures (1:1000 molar 

ratio), stored in solution (a) and in the lyophilized form (b).  50 ml of OPH (0.2 µg/ml) and 50 ml 

of OPH/Pluronic mixtures were prepared in the OP testing buffer and half of each sample were 

lyophilized in day 0.  All prepared samples in solution and in the lyophilized form were stored at 

4°C.  Upon hydration of lyophilized samples after a prescribed storage period (t4°C), all four 

samples, OPH and OPH/Pluronic from the solution (a) and the lyophilized form (b), were diluted 

five times and paraoxon degrading activity was measured at 25ºC (n = 2 or 3). The OP degrading 

activity was taken relative to the activity of OPH in the absence of Pluronic on day 0. 
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Figure S13. Effects of PEO-b-PPO-b-PEO triblock (Pluronic F127, F88, P123) and PEO-b-PPO 

diblock (3:1, 0.33:1) copolymers on OPH stability and detoxification activity.  To understand 

whether i) the polymers containing the PPO block, ii) wt % of PPO blocks and iii) different types 

of block copolymers can affect the OPH stability and the activity, OPH and various polymers (a, 
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b) were blended in 1:1000 molar ratio and the OP detoxification activities were measured.  Each 

set of experiments, including OPH as the internal standard and OPH/polymer mixtures, was 

separately prepared and the activity was measured 3 times (n=3 for each polymer).  Compared to 

OPH alone, OPH/polymer mixtures showed higher activity and stability over 2 hours at RT (c).  

While a wide variety of diblock and triblock copolymers containing PPO blocks enhance the 

detoxification activity and stability of OPH, the changes in molecular design do not show 

statistically significant differences compared to Pluronic F127 under the conditions tested 

(P>0.05).
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Table S1. Locations of Phe residues on the OPH surface. Side chains of Phe (F) residues are 

depicted as blue and yellow. To clearly indicate the OP catalytic sites in the OPH dimer, F132 

residues located in the catalytic sites of each monomer are illustrated as yellow.  OPH monomers 

are colored as gray and white to clearly illustrate the dimeric nature of the active form.
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